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used to probe the structure and dynamics of
biological and chemical systems at the single-
molecule level and reveal properties normally
obscured in ensemble measurements. With ad-
ditional improvements in sensitivity, these tools
(8) can potentially be applicable to NMR-based
label-free detection and analysis of single mol-
ecules; characterization of structural and con-
formational changes in systems that are not
easily accessible by conventional techniques; and
studies of dynamic phenomena, such as protein
folding (29) and enzyme-substrate interactions
at the single-molecule level (30).
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NANOMATERIALS

DNA-controlled dynamic colloidal
nanoparticle systems for mediating

cellular interaction

Seiichi Ohta,"” Dylan Glancy,”® Warren C. W. Chan™%*5*

Precise control of biosystems requires development of materials that can dynamically
change physicochemical properties. Inspired by the ability of proteins to alter their
conformation to mediate function, we explored the use of DNA as molecular keys to
assemble and transform colloidal nanoparticle systems. The systems consist of a core
nanoparticle surrounded by small satellites, the conformation of which can be transformed in
response to DNA via a toe-hold displacement mechanism. The conformational changes can alter
the optical properties and biological interactions of the assembled nanosystem. Photoluminescent
signal is altered by changes in fluorophore-modified particle distance, whereas cellular targeting
efficiency is increased 2.5 times by changing the surface display of targeting ligands. These
concepts provide strategies for engineering dynamic nanotechnology systems for navigating

complex biological environments.

undamental studies on the interactions of

nanoparticle designs with biomolecules,

cells, tissues, and organs are providing guid-

ing principles with which to build nano-

systems for imaging, diagnosis, and the
treatment of disease. An optimal nanoparticle
physicochemical property (for example, size,
shape, and surface chemistry) for biological use
varies with time and place within the living body,
and current nanoparticle designs do not have the
engineering range to meet these design require-
ments (I-3). For example, rod-shaped particles
are reported to be preferable for tumor pene-
tration (4), whereas spherical nanoparticles are
better for subsequent cellular uptake by cancer
cells (5); nanoparticles coated with polymer
polyethylene glycol (PEG) can increase blood
circulation time by reducing serum protein ad-
sorption and macrophage uptake (6) but can
impede surface-coated antibodies from cell tar-
geting (7). These variations have inspired the de-
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velopment of interactive nanoparticle systems
that can alter their properties in response to bio-
logical stimuli (8-10). However, dynamic control
over the physicochemical properties of nano-
particles, especially particle shape, remains a
challenge. DNA provides exquisite control and
flexibility in engineering the physicochemical,
morphological, optical, and electrical properties
of three-dimensional (3D) nanosystems (11-14).
But these DNA-assembled structures have not
been fully exploited for cellular and biological
application. We explored the use of DNA to as-
semble shape-shifting nanostructures with con-
trolled biological function.

We used single-stranded DNA-functionalized
gold nanoparticles (AuNPs) of different sizes (de-
noted as large, medium, and small) as building
blocks to assemble shape-changing nanostruc-
tures (Fig. 1A and fig. S1). Each AuNP was func-
tionalized with two DNA sequences: one for
nanostructure assembly and the other for shape-
changing (15). Valencies of these nanoparticles were
114, 25, and 6 DNA strands on 13-, 6-, and 3-nm
AuNPs, respectively (fig. S2). The nanoparticle
building blocks were assembled into “core-satellite”
structures (16, 17) by a linker DNA strand (L1
and L2) whose ends were complementary to two
different nanoparticle types. The assembled nano-
structure consists of a large core with surround-
ing satellites of medium and small size (Fig. 1,
assembly morphology 1). An important design
feature here is that the linkage between the core
and the small satellites contains a single-stranded
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spacer sequence [17 bases (Fig. 1A, black)], which
if precisely designed can allow nanoparticles to
change into different shapes via a “toe-hold strand
displacement” mechanism (18-20) to reconfigure
the DNA assembly (Fig. 1A). An attaching strand,
Al, was first added in order to anchor small
satellites to the medium-sized nanoparticles under
hybridization and purification conditions. No
substantial change in shape was observed with
transmission electron microscopy (TEM) at this
step (denoted as “intermediate” structure here-
after). Then, Llcomy, a fully complementary de-
taching strand to the linker strand between the
core and small satellites (L.1), was added. Be-
cause the duplex formation with Llcomy is en-
ergetically favorable, L1 was displaced from the
superstructure, resulting in the detachment of small
satellites from the core. Through these two steps,

A
Building blocks

small satellites were relocated from the core to the
medium satellite, transforming the nanoassem-
blies into a new shape in which medium parti-
cles became the new core, surrounded by small
satellites (assembly morphology 2). The successful
shape change of nanoassemblies mediated by DNA
are shown in representative images in Fig. 1B.
The reversibility of the transforming nano-
assemblies is shown in Fig. 2A TEM images. The
nanoassemblies first changed their assembled
shape from morphology 1 to morphology 2 by the
addition of Al and Ll strands. Similarly, ad-
dition of L1 and Al.mp, allowed the nanoassem-
blies to revert back to their original shape.
The low-magnification TEM images (fig. S3) and
ultraviolet-visible absorbance spectra (fig. S4)
showed that the nanoassemblies are monodis-
perse, and dynamic light scattering measure-
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Fig. 1. Schematic illustration and corresponding TEM images of the shape change of nanoparticle
assemblies mediated by DNA. (A) Individual nanoparticles (large, medium, and small) were functionalized
with strands of two distinct single-stranded DNA sequences (NP1 to NP6). By using linker DNA strands
containing complementary sequence regions (L1 and L2), they were then assembled into the core-satellite
structure (assembly morphology 1). To change the shape of the nanoassembly, attaching strands (A1) were
added to anchor small satellites to the medium particle (intermediate). After that, the detaching strand
(Lleomp) was added to dislocate L1, resulting in the relocation of small satellites from the large core to the
medium satellites (assembly morphology 2). This shape change can be reversed by adding extra attaching and
detaching strands, L1 and Alcomp. For clarity, the schematics represent a cross-section of the 3D nano-
assemblies that are composed of core particles surrounded by satellite particles. (B) Representative TEM images
of the nanoassemblies of morphology 1, intermediate, and morphology 2. They consist of 13-, 6-, and 3-nm
gold nanoparticles. The orange and red circles indicate a 13- and 6-nm particle, respectively. Scale bar, 20 nm.
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ments showed hydrodynamic sizes of 94 and 74 nm
for morphologies 1 and 2, respectively (fig. S5).
These characterizations indicate that the shape-
changing nanoassemblies are colloidally stable in
phosphate-buffered saline. We analyzed a larger
population of nanoassemblies with TEM to de-
termine the efficiency of the shape shift (Fig. 2A).
We defined assembly morphologies 1 and 2 by
particle distance, as illustrated in fig. S6. We
measured the proximity of 3-nm (small) particles
to either 6-nm (medium) or 13-nm (large) par-
ticles for each nanoassembly in order to determine
its conformation. Structures in which satellites
were concentrated near 3-nm particles were cat-
egorized as assembly morphology 1, whereas
assemblies with 3-nm particles more closely as-
sociated with 6-nm cores were classified as mor-
phology 2. Nanoassemblies that met neither of
the above criteria were categorized as “other.”
The analysis showed that conversion of mor-
phology 1 to morphology 2 occurred at an ef-
ficiency of 89% and was capable of reverting
back to morphology 1 at an efficiency of 88%.
During these shape changes, some of the satel-
lites detach from the assembly because of im-
perfect anchoring; the average number of 6-nm
particles on a nanoassembly of morphology 1,
morphology 2, and the reversed morphology 1 was
1.8, 1.6, and 1.5, respectively, whereas that of
3-nm particles was 9.7, 6.6, and 5.6, respectively
(fig. S7). The shape change was further evaluated
by means of 2D radial distribution function (RDF)
analysis (21). RDF of satellites from a core parti-
cle was calculated from the TEM images (Fig.
2B). In morphology 1, a single peak around 16 nm
was observed, indicating the isotropic position
of 3- and 6-nm satellites with respect to the 13-nm
core. On the other hand, broadened multiple
peaks were observed in morphology 2, which
reflected the new position of 3-nm satellites. This
RDF reverted back to the single peak after adding
L1 and Al strands. These differences con-
firmed the reversible shape change of nano-
assemblies. The shape change was not induced
by the addition of DNA that has a noncomple-
mentary sequence (fig. S8), suggesting specificity
of this system. This shape-shifting property was
not limited to a single design. By changing the
linker stoichiometry, we successfully generated
core-satellite structures with various numbers of
6-nm secondary cores (two to four) (fig. S9). Using
the same procedures, each of the base structures
could successfully change their shape (Fig. 2C).
We next determined whether the optical prop-
erties of the nanoassemblies could be controlled
through morphological changes. The optical prop-
erties of a nanoparticle, such as fluorescence
and surface plasmon resonance, are sensitive
to the location of neighboring particles. For ex-
ample, changes in the distance of neighboring
fluorescent nanoparticles can alter their Forster
resonance energy transfer (FRET) signals (22, 23).
The overall principle of our experiment is de-
scribed in Fig. 3A. DNA strands on 13-, 6-, and
3-nm building block particles were end-labeled
with fluorescein amidite (FAM), Cy5, or Cy3,
respectively, then coated onto the nanoparticle
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and assembled. Given that the 3-nm particles are
anchored to the 13-nm core in morphology 1,
FAM and Cy3 are close enough to induce FRET.
When we excite FAM, florescence from Cy3 can
be observed. However, no FRET is observed by
the excitation of Cy3 because the 3- and 6-nm
particles are farther from one another. After shift-
ing to the intermediate structure, FRET can be
observed with the excitation of either FAM or
Cy3 as 3-nm particles are anchored to both 13-
and 6-nm particles. When the shape is finally
shifted to morphology 2, FRET can be detected
only through Cy3 excitation because 3-nm par-
ticles are now detached from the 13-nm core.
Experimentally, DNA strands were fluorescently
labeled according to supplier, coated onto the
AuNPs, and purified, and the photoluminescent
spectra were measured in order to verify suc-
cessful coating (fig. S10). Because strands NP1 to
NP6 were composed of 25 bases, which roughly
corresponds to 5 to 10 kDa of linear polymer
chain, they are remote enough to prevent fluo-
rescent quenching by AuNPs (24). Photolumine-
scent spectra of the assembled nanostructures

Fig. 2. Reversibility
and design versa-
tility of the nano-
assembly shape
change. (A) TEM
images and histo-
grams of the nanopar-
ticle assemblies at
each shape-shifting
step. Scale bar,

20 nm. The shape of
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are shown in Fig. 3, B and C, at each step of the
shape-changing process. After excitation of FAM,
a prominent signal from Cy3 was observed at
561 nm for assembly morphology 1 and the in-
termediate structure (Fig. 3B). This signal was
decreased after shifting to morphology 2. After
Cy3 excitation, the shift from morphology 1 to
the intermediate shape was accompanied by the
emergence of the signal from Cy5 at 665 nm, but
the subsequent shift to morphology 2 did not af-
fect the signal (Fig. 3C). These changes in FRET
signals are consistent with the expected position
of fluorophores (Fig. 3A), validating our pro-
posed mechanism. Real-time monitoring of the
shape shift was also carried out with FRET mea-
surement (Fig. 3D). Al and Ll.,pm,, strands were
sequentially added to the nanoassemblies in a hy-
bridization buffer, during which the changes in fluo-
rescent signals from Cy3 and Cy5—obtained through
the excitation of FAM and Cy3, respectively—
were measured in real time at room temperature.
The signals from Cy3 and Cy5 respond specifically
to the addition of the attaching and detaching
strands, illustrating the fidelity of the shape
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change. We found that each step of the transfor-
mation is predominantly complete within 10 min.
Assuming first-order reaction Kkinetics, the reaction
rate constant for the first and the second step of
the shape change was estimated to be 1.9 x 1072
and 1.7 x 1072 57, respectively (fig. S11). These re-
sults not only confirm successful shape-shifting
of the nanoassemblies but also suggest possible
applications as imaging probes that are respon-
sive to specific DNA sequences.

Last, we determined whether we could alter the
cellular interaction of our nanoassemblies by
changing their shape and thus, indirectly, changing
the presentation of the surface chemistry. This is an
important feature because the optimal physico-
chemical properties to mediate transport in cells,
tissues, and whole animals necessitate particles
of different sizes, shapes, and surface chemistries
(4-7). Tt is unlikely that current single-particle de-
sign systems will be able to fulfill these engineer-
ing requirements. We controlled the presentation
of targeting ligands on the surface of the nano-
assembly system by changing its shape via DNA.
‘We functionalized the core particle with folic acid
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(FA) as a targeting ligand for overexpressed folate
receptor in many types of cancer cells (Fig. 4A)
(25). In assembly morphology 1, FAs are sur-
rounded by 3- and 6-nm satellites, which sterically
hinder their targeting ability (OFF state). After
transformation to morphology 2, “hidden” FAs
are exposed to the outer environment via the re-
location of 3-nm satellites, activating the target-
ing property of the nanoassemblies (ON state).
The FA functionalization was achieved by con-
currently conjugating FA-functionalized PEG
[molecular weight (M) = 5 kDa] terminated
with thiol and DNA strands to 13-nm particles.
The resulting grafting density was 40.0 + 5.2 FA
molecules per particle. The cellular uptake of the
FA-functionalized nanoassemblies was examined
by using folate receptor-expressing U87-MG hu-
man glioblastoma-astrocytoma cells (25, 26). The
cells were incubated with the nanoassemblies of
morphology 1 or 2 in serum-free media, as de-
scribed in the supplementary materials, materials
and methods. Serum was not added to the media
so0 as to avoid the interaction of nonspecifically ad-
sorbed serum proteins with nanoparticles and in-
fluencing cellular interaction (27). TEM images of
the nanoassemblies internalized by U87-MG cells
are shown in Fig. 4, B and C. Nanoparticles were
found within vesicles inside the cells, suggesting
that they were internalized via endocytosis. More-
over, as we reported (28), the nanostructures were
disassembled into their respective building blocks

in the vesicles, whereas fully assembled nanostruc-
tures were still found in the culture media.

We quantified the amount of cellular uptake
by means of inductively coupled plasma mass
spectrometry (ICP-MS). Nanoassemblies conju-
gated with the same amount of PEG but without
FA functionalization were used as a control.
ICP-MS revealed that the cellular uptake of FA-
conjugated nanoassemblies of morphology 2 was
2.5 times higher than that of morphology 1, indi-
cating the ON/OFF switching of the targeting
property. It was also found that the ON/OFF
switching was moderately effective even with-
out FA functionalization; the cellular uptake of
morphology 2 was 1.5 times higher than that of
morphology 1 (Fig. 4D). We deduced that both
shape and surface chemistry (type of DNA se-
quences exposed on the outer surface) of the
nontargeted nanoassembly is responsible for
this difference (figs. S14 and S15). This effect is
amplified by the FA conjugation. A competition
experiment was conducted in order to confirm
the contribution of FA functionalization in cel-
lular uptake. Free FA was added to the culture
media with the nanoassemblies (Fig. 4E). The
ON/OFF ratio of the control nanoassemblies ex-
hibited little change in the presence of free FA.
Conversely, for FA-functionalized assemblies,
the ON/OFF ratio substantially decreased with
increasing free FA concentration toward control
level, suggesting that the cellular uptake was in-

deed mediated by FA-folate receptor interaction.
These results demonstrate that DNA-mediated
shape change of the nanoassembly can alter the
surface display of targeting ligands and thus con-
trol its cellular uptake property.

Some natural biomolecules, such as proteins,
switch their function by changing their 3D con-
formation in response to biological signals. This
quality allows them to display varying conforma-
tions to activate functions or stay dormant until
needed. Like these biomolecules, the nanoas-
semblies presented here alter their fluorescent
and cellular uptake properties by transform-
ing their structure in response to specific DNA
sequences. A next step is to design the linker se-
quences to respond to circulating DNA or intra-
cellular RNA sequences and to determine the
impact of payload on shape-shifting property.
Although further development is needed for
their practical use, the concept presented here
can be expanded to develop more complex sys-
tems that can mimic the diverse functions of a
protein to selectively control the biological func-
tions of the engineered nanosystem. Our proposed
design strategy provides a new opportunity and
general method with which to develop future
dynamic nanomaterials that can travel through
the blood stream and into diseased sites, trans-
forming into the required shapes to overcome
diverse biological barriers and activating their
function to diagnose or treat targeted sites.
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Fig. 3. Changes in FRET signals from the nanoparticle assemblies in-
duced by shape change. (A) Schematic illustration of the FRET occurring in
the nanoassemblies. In assembly morphology 1, FRET between FAM and Cy3
(FRET 1) can be observed through excitation of FAM, whereas FRET between
Cy3 and Cy5 (FRET 2) does not occur through excitation of Cy3. After the
shift to intermediate structure, FRET is observed between FAM and Cy3 and
between Cy3 and Cy5. Then, in morphology 2, FRET can be detected only
between Cy3 and Cy5. (B and C) Photoluminescent spectra from nano-
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assemblies (morphology 1, intermediate, and morphology 2). They are
excited at (B) 480 nm for FAM or (C) 520 nm for Cy3. Each spectrum is
normalized to the peak from (B) FAM at 519 nm or that from (C) Cy3 at 561 nm,
respectively. (D) Real-time monitoring of FRET signals during the shape
change. Al and L1.mp DNA strands were added at 5 and 60 min, respectively,
to the nanostructure solution, whereas FRET signals from Cy3 (FRET 1, ex-
citation at 480 nm) and Cy5 (FRET 2, excitation at 520 nm) were monitored
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A Folic acid (FA)

Targeting

Cell membrane

Fig. 4. Altering cellular uptake properties of the
nanoparticle assemblies by shape change. (A) In
assembly morphology 1, FA is surrounded by satellite
nanoparticles, which impedes its targeting property
(“OFF” state). Then after the shift to morphology 2,
the “hidden” FA is exposed to the outer environment,
which activates the cellular uptake property of the
assemblies (“ON" state). (B and C) TEM images of
the FA-functionalized nanoassemblies incubated with
U87-MG cells. The result of the nanoassembly internal-
ization for morphologies 1and 2 are represented in (B)
and (C), respectively. In both (B) and (C), the left im-
age shows the overall picture of a cell that internalized
the assemblies. The right image (i) shows the enlarged

image of its corresponding part of the overall picture. The nanoassemblies found in
the culture media after the incubation are also shown. Scale bars, 2.0 um (low-
magnification images) and 100 nm (enlarged images). More enlarged images
inside cells are provided in fig. S12. Nanoassemblies without FA functionalization
are provided in fig. S13. (D) Comparison of the amount of cellular uptake of the FA-
functionalized nanoassemblies between morphology 1 and morphology 2 mea-

REFERENCES AND NOTES

1. W. Jiang, B. Y. Kim, J. T. Rutka, W. C. Chan, Nat. Nanotechnol.
3, 145-150 (2008).

2. R.A. Petros, J. M. DeSimone, Nat. Rev. Drug Discov. 9, 615-627

(2010).

H. Cabral et al., Nat. Nanotechnol. 6, 815-823 (2011).

4. V. P. Chauhan et al., Angew. Chem. Int. Ed. Engl. 50,
11417-11420 (2011).

5. B. D. Chithrani, A. A. Ghazani, W. C. Chan, Nano Lett. 6,
662-668 (2006).

6. K. Knop, R. Hoogenboom, D. Fischer, U. S. Schubert,
Angew. Chem. Int. Ed. Engl. 49, 6288-6308 (2010).

7. Q. Dai, C. Walkey, W. C. Chan, Angew. Chem. Int. Ed. Engl. 53,
5093-5096 (2014).

8. C. Wong et al., Proc. Natl. Acad. Sci. U.S.A. 108, 2426-2431
(2011).

9. G. von Maltzahn et al., Nat. Mater. 10, 545-552 (2011).

10. J. W. Yoo, S. Mitragotri, Proc. Natl. Acad. Sci. U.S.A. 107,
11205-11210 (2010).

11. M.R. Jones, N. C. Seeman, C. A. Mirkin, Science 347, 1260901 (2015).

12. A. Kuzyk et al., Nature 483, 311-314 (2012).

13. Y. Zhang et al., Nat. Mater. 14, 840-847 (2015).

w

SCIENCE sciencemag.org

QOutside

“ON”
A1, L1

comp

Morphology 1

Without FA

With FA
1.2 -

0.8

0.6

ONJOFF ratio (-)

0.4

Cellular uptake (pg/cell)

0.2

Morphol. Morpholi 'Morpholl. Morpho'I.
1 2 1 2

14. S. M. Douglas, I. Bachelet, G. M. Church, Science 335, 831-834
(2012).

15. X. Zhang, M. R. Servos, J. Liu, J. Am. Chem. Soc. 134,
7266-7269 (2012).

16. X. Xu, N. L. Rosi, Y. Wang, F. Huo, C. A. Mirkin, J. Am.
Chem. Soc. 128, 9286-9287 (2006).

17. J. H. Yoon, J. Lim, S. Yoon, ACS Nano 6, 7199-7208 (2012).

18. D. Y. Zhang, G. Seelig, Nat. Chem. 3, 103-113 (2011).

19. B. Yurke, A. J. Turberfield, A. P. Mills Jr., F. C. Simmel,
J. L. Neumann, Nature 406, 605-608 (2000).

20. Y. Tian, C. Mao, J. Am. Chem. Soc. 126, 11410-11411 (2004).

21. X. Yu et al., Nano Today 8, 480-493 (2013).

22. C. S. Yun et al., J. Am. Chem. Soc. 127, 3115-3119 (2005).

23. P. D. Howes, R. Chandrawati, M. M. Stevens, Science 346,
1247390 (2014).

24. L. Y. Chou, W. C. Chan, Adv. Healthc. Mater. 1, 714-721
(2012).

25. Z. Xu et al., Int. J. Pharm. 426, 182-192 (2012).

26. J. Zhu et al., Biomaterials 35, 76357646 (2014).

27. C. D. Walkey et al., ACS Nano 8, 2439-2455 (2014).

28. L. Y. Chou, K. Zagorovsky, W. C. Chan, Nat. Nanotechnol. 9,
148-155 (2014).

Targeting

o

3 fifﬁ%

ﬁwf}“‘?

Morphology 2

Outside B

ek
I Without FA NS,
[ with FA
3 4
[
2.5 N.S. ;
5 =
1.5
1] b
0.5

0 T T T T T
OmM 1mM 2mM omM 1mM 2mM
Concentration of free folic acid

sured with ICP-MS. Nanoassemblies without FA functionalization were also used
as controls. Data are averages * SD (n > 3 experimental replicates). (E) Effect of
free FA on the ON/OFF switching ratio of the cellular uptake. The ON/OFF ratio was
defined as the ratio of the amount of cellular uptake of the assemblies between
morphology 2 and morphology 1 (raw data are shown in fig. S16). Data are ave-
rages * SD (n > 3 experimental replicates). **P < 0.01, *P < 0.05. N.S., not significant.
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